INTRODUCTION
Phytases (myo-inositol hexakisphosphate 3-phosphorylase, EC 3.1.3.8 and myo-inositol hexakisphosphate 6-phosphorylase, EC 3.1.3.26) are acid phosphatase enzymes of the histidine acid phosphatase family, which liberate inorganic phosphate from phytate (Mitchell et al. 1997) . Phytate is the predominant form of phosphorus in oilseeds, cereal grains and legumes (Reddy et al. 1982; Chelius and Wodzinski 1994; Al-Asheh and Duvnjak 1995) . However, monogastric animals, such as pigs, poultry and fish, utilize this source of phosphate poorly at best, lacking the requisite gastrointestinal tract enzyme(s) for release of the phosphate from the organic complex of phytate (Cromwell et al. 1995) . Thus, producers are forced to employ expensive supplementary feed phosphorus to meet animal dietary requirements, even though this phytate phosphate remains unused. Further, phytate has anti-nutritive properties, including formation of complexes with protein and divalent cations (Al-Asheh and Duvnjak 1995) .
Increasingly, however, environmental concerns are coming to the fore. The catalysed release of phosphate from phytate occurs in soil and water environments and thus, phytate in manure can pose a serious phosphorus pollution problem. In areas of the world where monogastric livestock production is intensive, this pollution can make a significant contribution to the eutrophication of surface waters (Pen et al. 1993) .
To overcome these potential problems, phytases have been investigated and found not only to increase the growth rate of monogastrics and their efficiency of phosphate utilization from phytate in feeds, but also to decrease phosphorus pollution problems (Broz et al. 1994; Cromwell et al. 1995) . Phytase research and commercial production currently focuses on the soil fungus Aspergillus (Ullah 1988a ), but phytases have also been characterized from plants (Gibson and Ullah 1988; Hübel and Beck 1996) , animals (Maga 1982) , bacteria (Shimizu 1992; Greiner et al. 1993; Yoon et al. 1996) , protozoa (Van der Kaay and Van Haastert 1995) , and other aerobic fungi (Howson and Davis 1983; Segueilha et al. 1993) . Phytase activity in Aspergillus ficuum NRRL 3135 is extracellular and appears to be a combination of both activity from an acid phosphatase and from an 85 kDa glycosylated protein with a preference for phytate as a substrate (Ullah 1988b; Chelius and Wodzinski 1994) . This phytase has a pH optimum of 5·0 and a temperature optimum of 58°C (Ullah 1988b; van Hartingsveld et al. 1993) , with an apparent unglycosylated size of approximately 62 kDa. Phytase activities from Aspergillus terreus (Mitchell et al. 1997) , A. niger (Volfová et al. 1994) , A. oryzae (Shimizu 1993) and Myceliophthora thermophila (Mitchell et al. 1997) have been characterized and found to have similar pH and temperature optima, when determined. Characterized bacterial phytases include extracellular activity in Enterobacter sp. and Bacillus subtilis, and periplasmic activity in Escherichia coli. This last activity appears to be unique in that it is a 6-phytase whereas most microbial phytases are 3-phytases (Greiner et al. 1993) . Known temperature optima for these phytases are similar to the fungi and range from 50 to 60°C. The pH optima for B. subtilis and Enterobacter sp. are more basic than those of the fungi at 6·0-6·5 and 7·0-7·5, respectively, for the bacterial phytases (Shimizu 1992; Yoon et al. 1996) . Previous work in this laboratory (Yanke et al. 1998) has also demonstrated the presence of phytase activity in anaerobic ruminal bacteria, in particular Selenomonas ruminantium.
Ruminants, unlike monogastrics, have the ability to utilize phytate phosphate, partially as a result of the phytase activity of the ruminal microflora. In this unique anaerobic environment, S. ruminantium is a prominent member of the microflora under a wide range of nutritional conditions, but it is particularly prevalent on high grain diets (Ricke et al. 1996) . It is unable to degrade complex polysaccharides but appears to utilize soluble carbohydrates released from the initial hydrolysis of these polymers by other ruminal microbes. It is also an important cross-feeder of carbohydrate fragments. Such growth characteristics underscore the integral role of Selenomonas in the rumen of animals fed high-grain diets, a concept which is further enhanced by the finding of phytase activity within this genus. The present study was carried out to characterize, preliminarily, the phytase activity of this strict ruminal anaerobe, S. ruminantium JY35, and to assess the suitability of this phytase for genetic engineering as an alternative commercial source of phytase.
MATERIALS AND METHODS

Bacterial culture and growth conditions
Selenomonas ruminantium JY35 was isolated at the Lethbridge Research Centre from a 16-h end-point fermentation by mixed rumen fluid of corn in the presence of 0·5 mg ml −1 quebracho (Loxopterygium loetzil) condensed tannins extract (Bae et al. 1994) . Growth medium and anaerobic techniques were used as described previously (Yanke et al. 1998) . Generally, all cultures were grown overnight at 39°C, prior to experimental inoculation of 100 ml into 5 ml fresh medium in tubes, and again grown overnight before sampling for phytase activity. For determination of the growth curve, quadruplicate tubes were sampled at every time point and the whole curve was replicated on three separate days.
Sample preparation and phytase assay
Bacterial cultures were prepared for assay as described previously (Yanke et al. 1998) . A cell-free extract was also prepared from the culture. For a cell-free extract, bacterial cells were harvested by centrifugation (10 000 g, 5 min) and were washed twice with sodium acetate buffer (pH 5·0, 0·1 mol l −1 ). The washed cells were finally resuspended, in one-third the original volume, in sodium acetate buffer containing 0·2 mol l −1 magnesium chloride (MgCl 2 ). This suspension was incubated on ice overnight, centrifuged (10 000 g, 5 min), and the supernatant fluid or cell-free extract decanted. For the determination of the effect of pH on phytase activity, the same procedure was followed except that the 0·2 mol l −1
MgCl 2 was in distilled water instead of sodium acetate buffer. The protein concentration of the MgCl 2 extract was measured using the method of Bradford (1976) . Phytase activity was routinely assayed as previously described (Yanke et al. 1998) using sodium phytate (0·2% w/v) as the substrate in 0·1 mol l −1 sodium acetate buffer (pH 5·0), with a 30 min incubation at 39°C. One unit (U) of phytase was defined as the amount of enzyme required to liberate one nanomole Pi per minute under the given assay conditions.
Zymogram analysis
For zymogram analysis, SDS-PAGE gel was performed according to Laemmli (1970) . The stacking gel was 4% (w/v) polyacrylamide and the separating gel was 10% (w/v) polyacrylamide. Phytase from Aspergillus ficuum (P9792, Sigma) and S. ruminantium JY35 was used. The S. ruminantium JY35 samples were of the MgCl 2 extract concentrated 10-fold by microcentrifuge ultrafiltration (Amicon, Beverly, MA) with a molecular weight cut-off of 10 000 kDa at room temperature. Samples were denatured at 95°C for 5 min with sodium dodecyl sulphate and 2-mercaptoethanol and electrophoresed. After electrophoresis, the gel was treated and stained for activity, as described by Yanke et al. (1998) , with a cobalt chloride solution followed by an ammonium molybdate/ammonium vanadate solution.
Phytase activity characterization
The effect of temperature on phytase activity was determined both with whole cells and the MgCl 2 extract using the regular assay methods. The assay solution was pre-incubated at the appropriate temperature prior to addition of the enzyme solution. Assays were run at 0·5, 5, 15, 25, 39, 50, 55, 60, 65, 70, 75 and 80°C for 30 min. The assays were run in triplicate for each temperature and were replicated on three separate days.
Similarly, pH profiles were determined both for whole cells and the MgCl 2 extract, both samples in distilled water. Phytate substrate solution was made in distilled water to a concentration of 1·2% (w/v) and 100 ml of this was used in the assay instead of the normal 600 ml of a 0·2% (w/v) solution. The rest of the volume, 500 ml, was replaced by the appropriate buffer. The buffers used were 0·1 mol l −1 glycine/HCl (pH 2·0, 2·5 and 3·0), 0·1 mol l −1 sodium formate (pH 3·0, 3·5 and 4·0), 0·1 mol l −1 sodium acetate (pH 4·0, 4·5, 5·0 and 5·5), 0·1 mol l −1 sodium succinate (pH 5·5, 6·0 and 6·5) and 0·1 mol l −1 HEPES (pH 7·0, 7·5 and 8·0). Citric acid (0·1 mol l −1 ) was also tried as buffer at pH 4·0, 5·0, 6·0 and 7·0. The assays were run in quadruplicate for each pH point and were replicated on three separate days.
The effect of minerals on whole cell phytase activity was also determined. The cations were all added separately to the standard assay mixture, at a final concentration of 5 mmol l −1 , by substitution of 100 ml buffered mineral solution (sodium acetate, pH 5·0, 0·1 mol l −1 ) for 100 ml of buffer in the assay solution. The counter anion of choice was chloride, and the effect of the alternative counter anions of sulphate and nitrate, used with the lead and zinc cations, was accounted for by the replication of other cations both with chloride and one of the other alternative anions. Precipitates obtained with the ferric, ferrous, lead and barium cations were removed by centrifugation at 18 000 g (5 min) prior to spectrophotometric measurement of absorbance. Only whole cells were used because of the presence of 0·2 mol l −1 MgCl 2 in the cell-free extract. Sodium (37·7 mmol l −1 ) was present in all the assays, added as sodium acetate buffer and sodium phytate substrate.
RESULTS AND DISCUSSION
Growth and phytase production
Production of phytase activity by S. ruminantium JY35 was late in growth (Fig. 1) . Escherichia coli produces no phytase activity during exponential growth (Greiner et al. 1993) ; in B. subtilis (natto), phytase is expressed only with the onset of (Shimizu 1992 ) and in Klebsiella terrigena, phytase is produced in the stationary phase (Greiner et al. 1997) . Expression of the activity required neither phytate for induction nor phosphate limitation for derepression. This is in contrast to most other reported microbial phytase activities. The phytase of A. ficuum is under strong phosphate repression (Howson and Davis 1983) and is not produced until the phosphate in the medium is virtually depleted (Ullah 1988a) . Similarly, phytase activity in E. coli is stimulated by phosphate limitation while in K. terrigena, phytase activity is dependent on the presence of phytate (Greiner et al. 1997) . Furthermore, S. ruminantium JY35 activity was cell-associated and at no time was any extracellular activity measurable. Sonication of whole cells resulted in only 6·7% of the original activity in the cell-free extract and 81·4% of the original activity remaining with the cell pellet. Extraction of phytase activity from whole cells incubated on ice overnight with MgCl 2 gave a cell-free MgCl 2 extract, with 35·7% of the initial whole cell activity and a remaining post-extraction cell pellet with 75·7% of the initial activity. The MgCl 2 extract had a protein concentration of 9 mg ml −1 . Phytase has been found to be cytoplasmic in K. terrigena (Greiner et al. 1997) , periplasmic in E. coli (Greiner et al. 1993 ) and extracellular in B. subtilis (natto) (Shimizu 1992 ).
Zymogram of phytase activity
Zymogram analysis of the MgCl 2 extract phytase activity demonstrated only one band of activity with an approximate mass of 46 kDa (Fig. 2) as estimated from the molecular weight standards. The lighter bands evident in the photograph result from negative staining or protein exclusion, and when stained using 5-bromo-4-chloro-3-indolyl phosphate (BCIP), only the one band at 46 kDa appeared (data not shown). Thus, in size, this phytase would resemble other bacterial phytases; E. coli, K. terrigena and B. subtilis (natto) have 42, 40 and 36-38 kDa monomers (Shimizu 1992; Greiner et al. 1993; Greiner et al. 1997) , respectively, as opposed to the fungal phytases of A. ficuum and A. oryzae, which have an 85 kDa glycosylated monomer (Ullah 1988b) for the former and a 120 kDa homodimer (Shimizu 1993) for the latter. The smaller size and monomeric nature of the bacterial phytases, as opposed to the fungal phytases, suggests that they may be more suitable for genetic engineering.
Effect of temperature on phytase activity
Extracted phytase activity was maximal at 55°C, while whole cell activity showed only slight increases at temperatures over 39°C (Fig. 3) . In both cases, activity rapidly declined at 60°C with virtually no activity above that temperature. Similarly, a temperature optimum of 55°C was found for the phytase activities of E. coli and K. terrigena (Greiner et al. 1993; Greiner et al. 1997) , and A. ficuum (Howson and Davis 1983) , with the same sharp decrease at 60°C observed. The phytases of B. subtilis and Enterobacter sp. 4 have comparable temperature optima but retain high activities at 60°C, activity only being reduced by 65-70°C.
Effect of pH on phytase activity
For the purpose of determining the pH optimum, MgCl 2 in distilled water was used instead of acetate buffer for extraction of the enzyme. This had no effect, with each preparation giving respective cell-free extract activities of 194·6 2 22·1 and 220·6 2 13·8 U ml −1 at pH 5·0 (sodium acetate buffer). There was only a little difference between the whole cell and MgCl 2 extract preparations with regard to their responses to the effects of pH on activity, with the whole cell preparations displaying slightly more activity at the pH extremes (Fig. 4) . There was a wide pH optimum with maximal activity between pH 4·0 and 5·5. The buffer used had a large effect, reflected in the increased activity at pH 5·5 when succinate was used instead of acetate buffer, and with a citric acid buffer in which there was virtually no activity at any pH. Greiner et al. (1993) reported similar effects with tartrate, also a polycarboxylic acid bearing aliphatic hydroxyls, and demonstrated that this was a competitive inhibitor of E. coli phytase P2. The broad, moderately acidic pH optima of the S. ruminantium JY35 phytase resembles those of E. coli and K. terrigena (Greiner et al. 1993; Greiner et al. 1997) . Other bacterial phytases have broad pH optima but are shifted towards a more basic pH range of 6·5-7·5 (Shimizu 1992; Yoon et al. 1996) , while the fungal phytases have a tendency towards higher activity in the more acidic pH ranges (Mitchell et al. 1997) .
Mineral effects on phytase activity
The phytase activity of S. ruminantium JY35 displayed a pattern of cation sensitivity similar to those of E. coli, K. terrigena (Greiner et al. 1993; Greiner et al. 1997) and A. (---) ; pH 3·0-4·0, sodium formate (-); pH 4·0-5·5, sodium acetate (····); pH 5·5-6·5, sodium succinate (--); pH 7·0-7·5, HEPES (--). Each value is the mean of quadruplicate samples on three separate days with standard error bars shown ----------------------------------------------------- 
Relative activity 2 standard error (%) - --------------------------------------------------- ------------------------------------------------------ ficuum (Ullah 1988b) (Table 1) . Inhibitory effects of the iron cations have been attributed to their complexing with phytate because of an appearance of a precipitate (Greiner et al. 1997) . Here, precipitates were also obtained with barium and lead cations but these did not inhibit activity. In fact, the lead cation demonstrated a large stimulatory effect on phytase activity (Table 1) . This result has not previously been reported and is difficult to explain, but it was not due to the nitrate anion as evidenced by the lack of an increase in activity with potassium nitrate over either the control or potassium chloride.
While many of the properties of the phytase from S. ruminantium JY35 are similar to those of other phytases, in particular those purified from the facultative Enterobactericeae E. coli and K. terrigena, major differences were found in the regulation and localization of phytase activity in S. ruminantium JY35. Experiments are on-going to isolate the gene encoding the phytase for further comparative analysis, and it will be interesting to determine whether the similarities in the enzymatic properties are reflected in close molecular similarities.
